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A B S T R A C T  

The hierarchical structure of wood cell walls resulting from complex arrangement and distribution of the het-
erogeneous components is considered to impact significant impediment to enzymatic hydrolysis of cellulose for 
biofuels. In this work, micronized wood with significant cell wall ultrastructural deconstruction were effectively 
produced from ring and puck milling within 12 min. In a subsequent enzymatic hydrolysis, micronized wood 
resulted in increase of cellulose hydrolysability by 4–14 folds over that of starting material. The underlying 
mechanism towards facilitating enzymatic hydrolysis was studied through delineating the ultrastructural 
changes and alternation of cellulose chemistry in micronized wood cell wall using SEM, TEM, CLSM, GPC, XRD, 
HPLC and Simon’s staining techniques. Electronic microscopy revealed distinct stages of wood cell wall de-
construction that was coincident with particle size reduction, including cell fracture and delamination, cell wall 
disintegration, and amorphization of cell wall fragments. Simons’ staining results also indicated increasing 
substrate accessibility and porosity of micronized wood, likely due to the ultrastructure alternation of cell walls. 
GPC and XRD revealed significant decrease of cellulose degree of polymerization (DP) and crystallinity. The 
correlation of these factors with cellulose hydrolysability was studied and further arranged in order through 
principal component analysis. The major positive factors affecting hydrolysability were surface accessibility and 
porosity, while cellulose crystallinity and DP were the major negative factors accompanied by particle size. The 
established weighed order of factors behind hydrolysability provides insights of lowering cell wall structural 
recalcitrance by mechanical manner. 

1. Introduction 

Lignocellulosic biomass offers the most abundant and the cheapest 
carbon source on the earth with the form of biopolymers in its cell wall 
(Zhao et al., 2012). Due to increasing depletion of fossil resource and 
serious environmental issues, considerable interest has emerged in 
converting lignocellulosic biomass into fossil fuel alternatives to create 
a diverse and economically viable renewable portfolio for fuels and 
chemicals. One feasible biomass conversion route is the depolymer-
ization of cell wall polysaccharides with hydrolytic enzymes, followed 
by fermentation of intermediate sugars to alcohols or hydrocarbons by 
specific microorganisms (Himmel et al., 2007; Zhao et al., 2012). 
However, plant cell walls have a hierarchical architecture resulted from 
complex interactions of these biopolymers, making the biomass difficult 
to deconstruct (Himmel et al., 2007). Therefore, pretreatment is re-
cognized as a necessary step to overcome the recalcitrance and make 
cell wall polysaccharides more susceptible and amendable to hydrolytic 

action by enzymes for maximizing the release of fermentable sugars 
(Himmel et al., 2007). 

Pretreatment has been found to improve enzymatic hydrolysis of 
biomass by creating changes in substrate chemistry, structure and 
morphology. These changes include but are not limited to crystallinity, 
degree of polymerization, specific surface area, and lignin distribution, 
which result in increasing accessibility of the cell wall polysaccharides 
to hydrolytic enzymes (Chundawat et al., 2011a,b; Yang et al., 2011). 
Several thermochemical approaches (e.g. acid, alkaline, acid sulfite 
pulping, organosolv pulping, steam explosion, and ionic liquid pre-
treatments, etc.), have made substantial progress in facilitating enzy-
matic hydrolysis of pretreated biomass substrates through depolymer-
izing and/or partial removal of the cell wall non-cellulose constitutes 
(Bali et al., 2015; Del Rio et al., 2011; Foston and Ragauskas, 2010; 
Tadesse and Luque, 2011b; Zhu et al., 2009). However, these severe 
chemical processes often carry high capital cost, employ chemicals and 
solvents, and that require recovery or treatment of liquid stream may 
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lead to formation of inhibitors to down-stream microorganism meta-
bolism to produce desired fuels or chemicals. These challenges pose 
significant barriers to commercializing an economically viable biomass 
conversion process to fuels and chemicals (Barakat et al., 2014). Me-
chanical milling pretreatment offers an attractive alternative to address 
these deficiencies by producing digestible biomass substrates with the 
advantages of eliminating chemicals/solvents and the formation of in-
hibitors typically originated from degrading and/or transforming non-
cellulose components (i.e. hemicellulose and lignin) in chemical pre-
treatment processes (Barakat et al., 2013). 

The mechanical milling process is an effective strategy to break 
down the robust cell wall structure of woody biomass feedstock. It has 
long been used to deconstruct the native structure of plant cell wall for 
improving substrate accessibility, which enables providing the milled 
wood lignin (Fujimoto et al., 2005; Goundalkar et al., 2014; Maurer and 
Fengel, 1992). The milling process profoundly imparts multiple length-
scale structural alternations (e.g., plant, tissue, cellular and molecular 
levels) through disrupting supramolecular cross-links of cellulose-
hemicellulose-lignin networks (Ji et al., 2016). Studies in different la-
boratories have demonstrated that mechanical milling facilitates en-
zymatic hydrolysis of various feedstock (i.e., herbaceous and woody 
biomass) (Barakat et al., 2014; Takahashi et al., 2013; Vaidya et al., 
2016; Zakaria et al., 2014). Silva et al. (2012) has indicated that de-
struction of cell wall to micronize-size range is essential for high glu-
cose yield of mechanically milled wheat straw. The improvements may 
occur in tandem with decreases in particle size and cellulose crystal-
linity in milled substrates, which are associated with increased enzyme 
accessibility to cell wall polysaccharides. Our prior work (Jiang et al., 
2016) has demonstrated that partial breakage of softwood fiber and/or 
fiber bundles improves the enzymatic hydrolysis of milled softwood, 
resulting in limited total sugar yields of around 40%. Mechanically 
disintegrating the fiber cell wall into micronized fragments significantly 
improves the enzymatic hydrolysis, with total sugar yields of over 70%. 
Similarly, Ji et al. (2016) also found that mechanically fragmenting 
corncob samples at a cellular scale resulted in a 98.3% conversion yield 
of cellulose to glucose. In addition, decreasing the cellulose crystallinity 
during the milling process also contributes to increasing accessibility to 
cellulose microfibrils (Wang et al., 2014). Substantial research reveals a 
strong correlation between increased enzymatic hydrolysis efficiency 
and decreasing crystallinity in various milled feedstock (Barakat et al., 
2014). Despite the demonstrated efficiency of mechanical milling pre-
treatment for disrupting the cell wall structure and increasing enzy-
matic hydrolysis yields, a clear understanding of the ultrastructural 
alternation and cellulose characteristics that are presumably re-
sponsible for facilitating enzymatic digestion and revealing biomass 
recalcitrance is still needed. On the other hand, studies on evaluating 
the relative importance of the different structural factors to the hy-
drolysability of milled biomass has not been elucidated, while most 
reports have only focused on correlations of hydrolysability with phy-
sicochemical characterizations. 

The objective of this study is to delineate the effects of mechanical 
milling pretreatment on the ultrastructural properties and cell wall 
chemistry of micronized wood as related to the sugar release efficiency 
or recalcitrance properties of biomass. Specifically, the physicochem-
ical changes resulting from the mechanical deconstruction of softwood 
Douglas-fir (Pseudotsuga menziesii) feedstock have been examined by 
using combined wet chemistry techniques with other analytical and 
imaging techniques in new ways. Transmission electron microscopy 
(TEM) was used to investigate the ultrastructural disintegration of the 
wood cell wall and, as it turned out, to reveal the increased substrate 
accessibility and porosity within the cell wall fragments. Confocal laser 
scanning microscopy (CLSM) was employed to delineate the distribu-
tion of chemical composition related to breakdown of cell walls during 
the milling process. Enzymatic hydrolysis experiments on micronized 
wood was also conducted in an effort to assess the change in the re-
calcitrance of milled substrates. In addition, statistically quantifying the 

relative importance of different structural and morphological factors on 
enzymatic hydrolysis efficiency provides insights into the fundamental 
nature of cell wall recalcitrance related to enzymatic hydrolysis effi-
ciency of lignocellulosic biomass. 

2. Materials and methods 

2.1. Materials 

Clean, Douglas-fir (Pseudotsuga menziesii) wood chips were obtained 
from a local company (Vaagen Brothers Lumber Inc., Colville, WA). The 
as-received chips were separated by a vibrating screen with 25.4-mm 
aperture and pre-ground into particles by a hammer mill fitted with a 
3.18-mm screen. The pre-ground feedstock was subsequently condi-
tioned to a target equilibrium moisture content of 5% (dry weight 
base). Before further mechanical pretreatment, the conditioned sample 
was stored in sealed plastic bag and the moisture content was validated 
using gravimetric methods according to standard protocol (Sluiter 
et al., 2008a). 

2.2. Mechanical pretreatment process 

Mechanical milling pretreatment was performed using a high-en-
ergy vibratory ring and puck mill with motor power of 1.1-kw (Rocklab 
Pty Ltd, New Zealand). The sample (10-g, oven-dry base) was milled in 
a chamber with an inner diameter of 128-mm and height of 43-mm 
along with a ring (78-mm inner diameter, 100-mm outside diameter, 
41-mm height) and a puck (52-mm diameter and 41-mm height) as the 
milling media. Both the milling chamber and grinding media were 
made of tungsten carbide. Milling process was conducted for a total 
time of 2–12 min, with 2-min intervals, resulting in particles in mi-
crometer range. Thus, the milled samples were also noted as micronized 
wood (or micronized particles) here. 

2.3. Enzymatic hydrolysis 

Enzymatic hydrolysis experiments were performed using Cellic 
CTec2 cellulase (15 FPU/OD g of substrate) and cellic HTec2 hemi-
cellulase (1/9 of the cellulase amount). Digestion was carried out in 
125-mL flasks with a citrate buffer (pH 4.8) at a solid loading of 2%. 
The flasks were settled in an incubator with a rotation speed of 180rmp 
at 50 °C. After digestion for 72 h, the hydrolysate was analyzed by 
HPAEC. Glucan and xyl/mannan conversions were defined as the per-
centage of glucose and xyl/mannose that was released in enzymatic 
hydrolysate compared to the theoretical maximum. 

2.4. Composition analysis of the wood samples 

The chemical composition analysis of wood material was conducted 
according to the two-step acid hydrolysis procedures from the NREL 
standard protocol (Sluiter et al., 2008b). Briefly, a 300-mg sample and 
3-mL of 72% H2SO4 was added to a 100-mL pressure tube, and in-
cubated at 30 °C for 1 h and stirred every 15 min. The sample was then 
diluted with 84-mL deionized water and autoclaved for one hour. De-
tection of sugars was performed with high-performance anion exchange 
chromatography (HPAEC) (Dionex, ICS-3000). The acid soluble lignin 
content was determined by UV–vis spectrophotometer (Lambda 25, 
PerkinElmer), while the solid residue in during acid hydrolysis process 
was counted as insoluble lignin. The total lignin content is the sum of 
acid soluble and insoluble lignin. 

2.5. Structural characterization of micronized wood samples 

2.5.1. Scanning electron microscopy (SEM) 
Micronized wood samples were mounted on aluminum stubs using 

carbon tape and sputter-coated with 8-nm of gold for good conductivity 
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prior to imaging. Imaging by SEM was performed using an FEI Quanta 
200F field emission gun with high vacuum ETD detectors (FEI 
Company, Hillsboro, Oregon, USA). Imaging was taken at beam accel-
erating voltage of 20-kV. 

2.5.2. Particle size measurement 
The volumetric particle size distribution of the micronized wood 

was determined using a laser scattering particle size analyzer 
Mastersizer 3000 with Hydro LV wet sample dispersion 
(Malverninstrument, UK). The median size (D50) was used to represent 
theparticle size for analysis. 

2.5.3. Sample embedding and sectioning 
Wood samples were processed using microwave electronic micro-

scopy processing methodology as described elsewhere (Donohoe et al., 
2008). Briefly, samples were fixed in 3% glutaraldehyde and buffered in 
0.05-M Pipes buffer (Sigma, St Louis, MO) with a microwave oven. The 
samples were dehydrated in graded ethanol series (i.e., 30%, 50%, 
60%, 70%, 80%, 90%, and 3 × 100% ethanol) in a microwave oven. 
The samples were then infiltrated with Spurr’s resin and incubated 
overnight at room temperature in a hood with increasing concentra-
tions of the resin (i.e., 30%, 50%, 3 × 100% resin, diluted in iso-
propanol). The samples were transferred to micro-centrifuge tubes and 
the resin polymerized overnight at 70 °C. The embedded samples were 
sectioned to 300 nm for light microscopy and to approximately 100 nm 
for TEM using a Diatome diamond knife on a Leica Reichert Ultracut R 
microtome (Leica, Wetzlar, Germany). 

2.5.4. Confocal laser scanning microscopy (CLSM) 
The composition distribution in micronized wood was characterized 

by using confocal laser scanning microscopy (CLSM) as detailed else-
where (Jiang et al., 2017a; Yu et al., 2014). Semi-thin (300 nm) samples 
were positioned on glass microscope slides and stained with saturated 
HPLC-grade acridine orange (AO; 3, 6-bis (dimethylamino) acridine 
hydrochloride, Sigma-Aldrich, St. Louis, MO) for one hour at room 
temperature. After staining, the samples were washed three time with 
DI water. The imaging of stained samples was performed using a Leica 
TCS SP8 with a 40 × oil objective lens. A white laser at wavelength of 
500 nm was used as the excitation light source. Fluorescence emission 
in the 515–540 nm spectral region were acquired as the green channel, 
and emissions above 590 nm spectral region were collected as the red 
channel. Image analysis was performed using LAS AF Lite imaging 
analysis software. Color in green represented area rich in carbohy-
drates, while lignin was represented by red color. Furthermore, mul-
tiple line scans across cell walls and wall fragments were also analyzed 
to investigate the lignin/carbohydrates redistribution. The signal in-
tensity represented as raw pixel intensity and distance as the pixel 
distance. 

2.5.5. Transmission electron microscopy (TEM) 
Ultrathin sections were placed on Formvar coated copper slot grids 

(SPI Supplies, West Chester, PA). Grids were post-stained for 10 min 
with 1% w/v KMnO4 to selectively stain for lignin. TEM imaging were 
taken with a 4 megapixel Gatan UltraScan 4 K Eagle camera (Gatan, 
Pleasanton, CA) on a FEI Tecnai G2 20 Twin 200 kV LaB6 TEM (FEI, 
Hilsboro, OR). 

2.5.6. Gel permeation chromatography (GPC) analysis of cellulose 
The molecular weight distribution of cellulose in micronized wood 

was determined by GPC after benzylation of α-cellulose that enables 
cellulose to be dissolved in tetrahydrofuran (THF) (Leskinen et al., 
2011; Zoia et al., 2011). Isolation of α-cellulose was obtained by de-
lignifying wood samples with sodium chlorite/acetic acid, and then 
through alkaline extraction of holocellulose following the prcedures 
elsewhere (Yokoyama et al., 2002). Benzoylation of α-cellulose was 
conducted according to previously established procedures (Zoia et al., 

2011). Prior to GPC analysis, benzoylated samples were dissolved in 
THF (1 mg/mL), filtered through a 0.45-μm membrane, and placed in a 
2-mL auto-sampler vial. Size-exclusion separation was performed on a 
Viscotek gel permeation chromatograph system equipped with a 
GPCmax™ unit and a TDA 305 multidetector unit using THF as the 
mobile phase. One AM Gel 100/5 column (American Polymer Standards 
Corporation) and two MBHMW-3078 columns (300 × 7.8 mm, Mal-
vern) were used. The temperature of column oven was 30 °C and the 
injection volume was 100 μL. A calibration curve was constructed based 
on 8 polystyrene standards, each with narrow ranges in molecular 
weight from 2.2 to 3600 kDa. The number-average degree of poly-
merization (DPn) and weight-average degree of polymerization (DPw) 
were obtained by dividing Mn and Mw respectively by 162 g/mol. All 
reported values were the mean average of duplicate samples. 

2.5.7. Determination of cellulose reducing ends 
The amount of cellulose reducing ends (μmoles/g wood) was de-

termined by DNS assay. The DNS reagent was prepared by mixing 1416-
mL distilled water, 10.6-g 3, 5 Dinitrosalicylic acid and 19.8-g sodium 
hydroxide, following the addition of 306-g Rochelle salts (sodium po-
tassium tartrate), 7.6-mL phenol (melt at 50 °C) and 8.3-g sodium me-
tabisulfite, as noted in a technical report (Adney and Baker, 1996). 
About 1.5-mL of sample slurry containing 50-mg wood in distilled 
water was added into the test tubes and followed by adding 3-mL 
freshly made DNS reagent. The tubes along with duplicate anhydrous 
glucose calibration standards (2–6.7 mg/mL) were boiled for 5 min in a 
vigorously boiling water bath. After boiling, tubes were transferred to a 
cold ice-water bath. Color formation of the supernatant was measured 
at 540 nm with a UV–vis spectrophotometer (Lambda 25, PerkinElmer), 
and the amount of cellulose reducing ends was determined from ab-
sorbance calibration plots generated for standards. 

2.5.8. Cellulose crystallinity 
X-ray diffractograms of the micronized wood particles were ob-

tained using a powder x-ray diffractometer (Rigaku, Miniflex 600, 
Japan) with a Cu Kα (λ = 0.154 nm) radiation source generated at 40-
kV and 15-mA. The instrument scanning range 2θ was from 10 to 40° 
with a step size of 0.02° every 0.5 s. The relative degree of cellulose 
crystallinity, in terms of crystallinity index (CrI), was estimated using 
equation as described by Segal (Segal et al., 1959): 

I002 − IamCrI = × 100%
I002 

where I002 is the intensity of main peak, and Iam is the intensity due to 
amorphous portion evaluated as the minimum intensity between the 
main and secondary peaks. 

2.5.9. Simons’ staining for measurement of substrate accessibility 
The Simons’ staining was carried out to assess the substrate acces-

sibility of micronized wood according to published procedures else-
where (Chandra et al., 2008). Direct Blue 1 (DB) (Pontamine Fast Sky 
Blue 6BX) and Direct Orange 15 (DO) (Pontamine Fast Orange 6RN) 
dyes were obtained from Pylam Products Co. Inc. (Garden City, NY). DB 
was used as received, while DO was separated by 10 K membrane using 
the Amicon ultrafiltration apparatus (Amicon Inc., Beverly, MA) under 
pressure of 35-psi. The purpose of fractionation of high molecular 
weight DO is to ensure its absorption to represent enzyme (Ju et al., 
2013). This is because only high molecular weight fraction of the DO 
dye is responsible for the increased affinity for cellulose. Wood samples 
(100-mg, oven dry base) were weighed into six centrifuge tubes with a 
1.0-mL phosphate buffer saline solution (pH 6, 0.3-M PO4, 1.4-M NaCl). 
The same amount of 1% dye solution of DB and DO were added to each 
of the six tubes with increasing volumes (0.25, 0.5, 0.75, 1.0, 1.5, 
2.0 mL). Next, distilled water was added to each tube to bring the final 
volume to 10.0 mL. After incubation at 70 °C for 6 h with shaking at 
180 rpm, the slurry was separated by centrifugation. The absorbance of 
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the supernatant was measured at wavelength of 455 nm and 624 nm 
with a UV–vis spectrophotometer (Lambda 25, PerkinElmer). Each dye 
concentration in the supernatant was obtained by solving two Lamber-
Beer law equations simultaneously. Each dye adsorbed by the wood 
substrate was accounted with the difference between the concentration 
of the initial dye and the dye in the supernatant. The maximum ad-
sorption capacity of the two dyes were determined according to the 
Langmuir adsorption equation 

C [ ]C[ ]  1 
= +

[ ]  A [ ]A Kads [ ]max A max 

where [C] (mg/mL) is the free dye concentration, [A] (mg/g) is the 
amount of dye adsorbed by the substrate, Kads is Langmuir adsorption 
constant, and [A]max is the maximum amount of dye adsorbed. 

The ratio between DO and DB adsorption capacities (DO/DB) was 
used as a measure of the large-to-small pore ratio of the material 
(Chandra et al., 2008). 

2.6. Principal component analysis (PCA) 

The importance of the effect of structural factors in enzymatic hy-
drolysis was quantified by PCA using Unscrambler Version 10.4 soft-
ware (CAMO software, A/S, Oslo, Norway). The principal components 
are linear combinations of the original variables, especially the eigen 
values of the covariance matrix of the variables. In principal component 
regression, the components that account for the majority of variance in 
the data are used as variables. The data was z-normalized and the 
variables were transformed into principal components using PCA. 

3. Results and discussion 

3.1. Enzymatic hydrolysis of micronized wood 

The main target of pretreatment is to overcome the recalcitrance of 
lignocellulosic substrates for efficient enzymatic hydrolysis of poly-
saccharides. Table 1 shows monosaccharide yield in enzymatic hydro-
lysis for micronized wood samples with various milling times. After 
mechanical pretreatment, the sugar yield of samples improved com-
pared to the starting material. These results concurred well with the 
literatures, which claim that mechanical milling increases accessibility 
and digestibility of substrates for various herbaceous and woody bio-
mass (Sipponen et al., 2014; Takahashi et al., 2013; Zakaria et al., 
2014). In our study, the monosaccharide yield after enzymatic hydro-
lysis also increased with increased milling time. The highest glucose 
yield was around 90%, approximately 14 times higher than the yield of 
the starting material. To examine the enhanced sugar release, the cel-
lulose chemistry and cell wall ultrastructure of micronized wood sam-
ples were explored in depth. 

3.2. Chemical composition of micronized wood 

Typically, changes in chemical composition of biomass after 
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thermo-chemical pretreatments mostly contribute to increasing enzy-
matic hydrolysis of pretreated substrates (Harmsen et al., 2010). After 
mechanical pretreatment here, the bulk chemical composition of mi-
cronized wood remains unchanged regardless of milling times 
(Table 1). We note that others have found that ball milling for long 
periods (i.e., tens of hours or several weeks) may result in degradation 
of components in biomass cell wall (Holtman et al., 2006; Zoia et al., 
2011). In our study, the ring and puck milling required much shorter 
milling time for satisfactory enzymatic sugar release without degrada-
tion of chemical components. The difference in sugar release of mi-
cronized wood with different milling times may be related to their 
morphological and structural alternations. 

3.3. Particle morphology of micronized wood 

In this study, we have examined the changes in the particle mor-
phology for milled wood with increasing milling times by using scan-
ning electronic microscopy (Fig. 1). Effectively micronized softwood 
was obtained using a ring and puck mill. A disrupted fiber structure was 
observed after 2-min of milling and is characterized by separated fi-
bers/fiber bundles (arrows in Fig. 1A). The fiber fragments started to 
prevail after 4-min of milling, due to chopping and breakage of in-
dividual fibers (arrow in Fig. 1B). After 6 min, the fiber cell wall was 
almost entirely fragmented, resulting in sizes of ca. 20-μm. No further 
particle size reduction was observed with additional milling times up to 
12 min, mainly due to aggregation effect. Laser diffraction analysis 
confirmed the particle size changes of micronized wood during the 
milling process (Fig. 1G & H), indicating deconstruction of ordered 
micro-scale cell wall structure by mechanical forces. Particle size is 
considered one of the important structural features that can affect the 
enzymatic digestibility by increasing the exposed external surface area, 
although the particle size reduction is not significant for micronized 
wood with longer milling time (Jiang et al., 2016). As one aspect of 
physical structural alternation, our results indicated that particle size 
changes in micronized wood facilitate hydrolysability of softwood, ar-
guably the most recalcitrant of biomass types. 

3.4. Chemical composition distribution of micronized wood 

In this study, we applied confocal laser scanning microscopy (CLSM) 
with acridine orange-stained sections to explore the deconstruction 
phenomena of cell wall and redistribution of lignin in the cell wall. 
Acridine orange (AO) is used to stain the heterogeneous plant cell wall 
and its brightness has been reported to be proportional to lignin con-
centration (Li and Reeve, 2005; Zhang et al., 2012). When AO interacts 
with polysaccharides, it remains in a monomeric state, resulting in 
fluorescence emission in the green light region. However, when AO 
interacts with the aromatic π electrons in lignin, the electron density of 
the molecules will cause aggregation of AO molecules, leading to a 
fluorescence emission shift to red light spectrum (Yu et al., 2014). Line 
scans provide a more quantitative analysis of the changes in lignin 
distribution within the intact cell walls and variable cell wall fragments 

Table 1 
Chemical composition and theoretical enzymatic hydrolysis yield of micronized wood. 

Milling time (min) Chemical composition (mass percentage of the wood%) Enzymatic hydrolysis yield (% of theoretical yield) 

Glucan Xyl/mannan Galactan Arabinan Lignin Glucose Xyl/mannose Total sugars 

0 45.18 16.53 2.69 1.32 28.88 6.23 3.67 5.56 
2 45.18 16.53 2.69 1.32 28.88 21.73 17.62 20.61 
4 44.47 16.45 2.66 1.31 28.11 39.35 25.66 39.59 
6 44.85 16.60 2.61 1.32 28.53 62.06 35.20 54.69 
8 44.40 16.35 2.62 1.29 29.24 77.32 42.03 67.67 
10 44.63 16.57 2.58 1.26 28.76 81.77 40.42 70.39 
12 44.62 16.51 2.86 1.23 28.63 89.81 42.93 76.94 
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Fig. 1. SEM micrographs of micronized wood samples with various mechanical pretreatment times. Mechanical pretreatment caused tissue fracture with cell wall separation at the early 

stage (A, arrows). Further milling resulted in chopping and breakage of individual fibers (B, arrows). There was no noticeable change of particle morphology after total disintegration of 
the cell wall (C–F) due to aggregation effect. (G) Volume based particle size distribution, (H) median particle size as a function of milling time. 

(Jiang et al., 2017a). 
As anticipated, the raw material (Fig. 2A) shows a very uneven 

distribution of lignin across the cell walls, with lignin rich regions in the 
cell wall corner and middle lamella. In contrast, a strong green signal is 
visibly evident in polysaccharides-rich secondary cell wall layers 
(Fig. 2A). These observations are consistent with previous results re-
ported elsewhere (Sant’Anna et al., 2013; Singh et al., 2009). Compared 
to the intact cell walls, lignin distribution changes dramatically along 
with the cell wall fracture. The densely packed middle lamella lignin 
becomes loosely distributed on the fracture surface as the fiber bundles 
are separated among the middle lamella of adjacent cell walls at a 2-
min milling time (Fig. 2B). Fig. 2C illustrates that additional milling 
produces remarkable fragmentation of the cell wall structure along with 
the continuous lignin redistribution in the micronized fragments. After 
12 min of milling, the lignin that once coated the cellulosic fibers is 
evenly distributed across the cell wall fragments (Fig. 2D). Fig. 2D also 
indicates the most uniform signal intensity of lignin and 

polysaccharides, respectively, suggesting that the physical barrier of 
lignin has been alleviated. Previous studies indicate that pretreated 
biomass with cellulose exposure resulted from microstructure changes 
in cell walls contributed increase of its enzymatic digestion (Jiang et al., 
2017a; Ju et al., 2013). In this study, the chemical redistribution re-
sulted from cell wall deconstruction by mechanical process is also be-
lieved to benefit the increased hydrolysability of micronized wood. 

3.5. Ultrastructure changes in micronized wood 

TEM micrographs of micronized particles exposed to increasing le-
vels of mechanical pretreatment are shown in Fig. 3. Interpretation of 
ultrastructure changes in these micrographs reveals several stages of 
mechanical deconstruction of wood cell wall as outlined below. 

(1) Intact Cell Walls − Representative cross and longitudinal sections 
are shown in Fig. 3A and B. In these sections, the secondary cell 
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Fig. 2. Confocal laser scanning microscopy (CLSM) images of chemical composition distribution in raw and micronized wood. Across section of intact cell wall (A); sections of cell wall 
fragments with mechanical milling of 2 min (B); 6 min (C) and 12 min (D). Line scan profiles demonstrate that the distribution of lignin and polysaccharides changes along with the 

deconstruction of cell wall structure under intensive mechanical action. The red color indicates lignin and green indicates polysaccharides. ROI: region of interest. (For interpretation of 
the references to colour in this figure legend, the reader is referred to the web version of this article.) 

walls (S1, S2 and S3), compound middle lamella (CML) and cell 
wall corners (CC) are clearly evident. Coarse milling produces 
particles in this stage, likely due to mechanical action on plant 
tissue separation with maintaining intact cell wall. 

(2) Cell Fracture and Delamination − After 2–4 min of milling time 
(Fig. 3C and D) cell fractures in the CML and CC become prevalent. 
Fractures progress to larger scale delamination and eventual cell 
wall fragmentation as evident in Fig. 3D. Combined, these processes 

serve mainly to separate adjacent cells and reduce particle size, 
while largely maintaining the original cell wall ultrastructure. 

(3) Cell Wall Disintegration − Fig. 3E and F reveal that additional 
milling results in disintegration of cell wall ultrastructure, dis-
playing a total collapse of orderly structural cell wall and randomly 
generating multiple cell wall fragments. These fragments are diffi-
cult to assign to specific cell wall locations. The longer the milling 
time, the higher the degree of ultrastructural disruption. 

Fig. 3. TEM micrographs with low magnification reveal progressive cell wall deconstruction produced with different mechanical pretreatment times. Representative cross (A) and 

longitudinal (B) sections display cell wall hierarchical characteristics with multiple cell wall layers. Cell fracture and delamination (C and D) are resulted from short milling times of 
2–4 min. Additional milling cause disintegration of cell wall altrastructure, generating various cell fragments (E and F). The last milling stage mainly involves cell fragments amor-
phization, presenting uniform nanoscale aggregates (G and H). 
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Fig. 4. TEM micrographs with higher magnification display disruption of microfibrils network along with structural cell wall deconstruction produced with different milling times. 
Arrows show orientation of cellulose microfibrils in intact cell wall and cell wall fragments. Double headed arrows show microfibrils delamination and intra voids. Arrow heads show 

microfibrils nanoscale aggregates. 

(4) Cell Fragments Structure Amorphization − The final milling stage 
is characterized as amorphization of cell wall fragments (Fig. 3G 
and H). This generates aggregates that are largely agglomeration to 
nanoscale particles with a much more amorphous structure than the 
samples with shorter milling times. 

It is conceivable that generating various cell wall fragments under 
mechanical action would also disorder and disorient the cellulose mi-
crofibrils. TEM images with higher magnification (Fig. 4) of the mi-
cronized wood visualize the disruption of microfibrils network from 
these milling stages. Fig. 4A shows the dense and solid cell wall with 
highly packed cellulose microfibrils network in the raw material. At the 
early milling stage, the densely ordered mirofibrils is still visibly evi-
dent (Fig. 4B), since fractures mainly occurred in the CML and CC re-
gions. Sample that was milled for 6 min produce complete disintegra-
tion of the cell wall and show disorientation in the microfibrils of cell 
wall fragments (Fig. 4C). Delamination of the microfibrils is also visibly 
evident in this sample, producing additional internal porosity (Fig. 4C). 
Disintegrating the cellulose microfibrils with various nanoscale ag-
gregates (Fig. 4D) is found in the microfibrils network for samples 
milled for 12 min. Fig. 4D also indicates that disrupting the cellulose 

microfibrils network resulted in various intra-particle voids (Fig. 4D). 
The difference in sugar yields of micronized wood samples in present 
study highlights the importance of complete collapse of hierarchical 
ultrastructure and further disruption of microfibrils network in cell wall 
fragments for facilitating hydrolysability of wood after mechanical 
pretreatment. 

3.6. Molecular structure changes in micronized wood cellulose 

One of the important recalcitrant factors influencing enzymatic 
hydrolysis is related to the cellulose molecular structure, namely mo-
lecular weight. To determine the potential influence of mechanical 
pretreatment on the cellulose structure, the average degree of poly-
merization of benzoylate derivatized α-cellulose isolated from micro-
nized wood as analyzed by GPC (Table 2). The data clearly shows that 
the molecular weight of micronized wood cellulose decreases as milling 
time increases. Compared to the starting material, the DPn of a sample 
milled for 2-min decreases by 17%, with additional milling, the de-
crease in DPn continues, reaching a 73% decrease in sample milled for 
12-min. Liimatainen et al. (2011) previously reported similar results of 
decreasing DP for cellulose microfibers after wet-stirred media milling. 
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Table 2 
Molecular characterization of micronized wood samples. 

Milling time DPn DPw PDI (Mw/ Reducing ends CrI (%) 
(min) Mn) (μmoles/g) 

0 1068 5460 5.1 16.64 52.3 
2 891 3953 4.4 20.22 47.9 
4 565 3450 6.1 28.48 30.8 
6 429 2484 5.8 37.46 22.6 
8 398 1705 4.3 43.22 17.3 
10 324 1228 3.8 50.11 11.9 
12 293 1368 4.7 53.96 8.9 

DPw = weight-average degree of polymerization, DPn = number-average degree of 
polymerization, PDI = polydispersity index, CrI = crystallinity index. Each result is the 

average of duplicate samples. 

In their study, DP values decreased by about 75% after 15- or 35-min 
milling, depending on the amounts of milling media used. It is likely 
that decreasing molecular weight in cellulose is seldom an independent 
result after mechanical milling of lignocellulosic biomass. Breakage of 
the molecular chain collectively results in a decrease of particle size and 
cellulose DP. Ju et al. (2013) also reported significant difference in DP 
of kraft pulping fibers after fractionating in a Bauer-McNett fiber clas-
sifier fitted with different mesh screens. 

Cellobiohydrolase I (Cel7A) plays vital important role in hydro-
lyzing cellulose, since it can attack the reducing ends to remove a 
molecular strand of cellulose with more internal sites exposure (Ganner 
et al., 2012). Therefore, it is commonly thought that reducing ends 
influence the rate and extent of enzymatic hydrolysis of cellulose. In 
this study, we examined the effect of mechanical milling on the total 
number of reducing ends using DNS assay, in which 2-hydroxy-3, 5-
dinitrobenzoic acid reacts with the reducing ends and accompany color 
formation (Miller, 1959). In Table 2, the number of reducing ends in-
creases from 16.64 μmol/g for a starting sample to 51 μmol/g for the 
sample with 12 min of milling. A previous study also claimed that 
milled wood samples with various vibrational milling time had in-
creased carbonyl groups, which were quantified by the copper number 
(Mikushina et al., 2002). The increase in reducing ends agrees with the 
results discussed previously, specifically the decrease in cellulose DP 
during mechanical milling, mainly due to fragmentation of cellulose 
chains. 

The effects of mechanical pretreatment on the crystalline structure 
of wood cellulose as measured by XRD are shown in Fig. 5. The X-ray 
diffraction patterns show typical peaks of cellulose I, with a gradual 

Fig. 5. X-ray diffraction patterns of micronized wood from various mechanical pre-
treatment times. Amorphization of crystal cellulose occurs as milling time increases. 
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decrease in crystalline ordering as milling time increased. Crystallinity 
index (CrI) values decreased from 52% for raw material to around 9% 
for micronized wood with 12 min of milling (Table 2). With the longest 
milling time, the sample showed a broad peak at approximately 
2θ = 21°, suggesting that the material was in a largely amorphous 
state. The decrease in CrI may be due to the fragmentation of crystalline 
grains, deformation of the crystalline structure, promoting an increase 
in amorphization during the mechanical pretreatment. Similar CrI 
changes as a function of milling time have been previously reported for 
diverse biomass feedstock (Barakat et al., 2014). Collectively, the XRD 
spectra and CrI values confirmed the disruption of the crystalline 
structure, which facilitates accessibility for enzyme attack. In our study, 
there was no transformation of the cellulose I structure into the cellu-
lose II allomorph, which has been previously found for ball milling of 
pure cellulose in wet media (Nge et al., 2013). 

3.7. Accessibility of micronized wood as measured by Simons’ staining 

The Simons’ staining technique has been shown to be a semi-
quantitative method for characterizing the accessible features of lig-
nocellulosic biomass with two color differential dye probes (i.e., Direct 
Orange 15 and Direct Blue 1) (Chandra et al., 2008). The molecular 
diameter of Direct Blue 1 (DB) is approximately 1 nm, while the mo-
lecular diameter of Direct Orange (DO) ranges 5–36 nm for the high 
molecular weight fraction (which has higher binding affinity to the 
cellulose hydroxyl group than does DB) (Yu et al., 1995). Therefore, 
competing phenomena occur in the treatment of lignocellulosic sub-
strates with a mixed dye solution of DO and DB molecules. In other 
words, the DB probes enter the smaller pores (diameter around 1 nm), 
while DO molecules will occupy the larger substrate pores or surface. 
The ratio between the maximum adsorption of DO to DB dyes on the 
substrates is therefore a good indicator of large-to-small pore ratio, 
which is also considered as the porosity of substrates (Chandra et al., 
2008). Moreover, the hydraulic diameter of cellulase is approximately 
7 nm, thus, DO adsorption has been proposed to assess the cellulose 
accessible surface area, and shows good correlation between enzyme 
accessibility and enzymatic hydrolysis of pretreated lignocellulosic 
biomass, while the total dye adsorption accounts for the total accessible 
surface area (Chandra et al., 2008, 2009). Thus, a modified Simons’ 
staining assay developed previously was used to explore the pore pro-
file and accessibility of milled substrates. 

As shown in Table 3, the total dye adsorption (DO and DB) increases 
with milling time, from 60.6 mg/g for the starting material to 
169.2 mg/g for the sample milled for 12 min, suggesting increased total 
accessibility after mechanical pretreatment. In addition, the orange dye 
showed a higher adsorption increase than the blue dye for the same 
milling time, resulting in an increase of O/B ratio, from 0.21(starting 
material) to 0.54 (sample milled for 12 min). The increased O/B ratio is 
a direct indication of increased porosity in the micronized wood, which 
can also be visualized in TEM micrograph (Fig. 4). The increased DO, 
total dye adsorption and ratio of O/B for micronized wood suggest a 
significant increase of the accessible surface area and porosity after 
intense mechanical pretreatment. 

3.8. Correlations of structural factors to hydrolysis 

For resolving the structural factors behind hydrolysability of mi-
cronized wood, its correlations with the determined physicochemical 
characterizations are summarized in Table 3. The structural factors are 
correlated with the glucan conversion of micronized wood. However, 
correlation between the factors themselves is also expected, as the 
changes in these structural factors during the mechanical milling pro-
cess is not independent (Jiang et al., 2017b). It is highly required to 
quantify the relative importance of various factors affecting enzymatic 
hydrolysis of micronized wood. Principle component analysis (PCA) is a 
good way to weigh the relative order of multivariate data despite the 
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Table 3 
Correlations between morphological/structural properties and digestibility. 

Sample No. Glucan Particle Degree of Crystallinity Reducing ends Cellulose accessibility Total accessibility Porosity (O/ 
conversion% size μm polymerization index/% (DO dye adsorption (total dye adsorption B ratio) 

mg/g) mg/g) 

RM0 6.23 756 1068 52.27 16.64 10.48 60.65 0.209 
RM2 23.73 115 891 47.9 20.22 17.23 81.38 0.268 
RM4 41.35 26.8 565 30.82 28.48 25.94 98.54 0.358 
RM6 62.06 21.7 429 22.64 37.46 29.39 107.16 0.38 
RM8 77.32 17.9 398 17.32 43.22 39.14 129.1 0.44 
RM10 81.77 15.5 324 11.92 50.11 45.29 137.54 0.491 
RM12 89.81 15.5 293 8.87 53.96 59.54 169.24 0.543 
Correlation 0.56 0.95 0.98 0.97 0.91 0.92 0.96 

coefficient (R2) 

Fig. 6. PCA of correlation of the structural properties of micronized 

wood: loading plot (A), score plot (B) and correlation between PC1 

score and enzymatic glucan conversion (C). 

partial collinearity, and the similarity and difference between the fac-
tors and between samples can be simply visualized in plots 
(Pihlajaniemi et al., 2016; Xu et al., 2016). Therefore, PCA was used to 
elucidate the relative weight of structural factors resulted from me-
chanical deconstruction on facilitating hydrolysability of micronized 
wood. The results including loading and score plots are shown in Fig. 6. 
The loading plot (Fig. 6A) shows that PC1 is negatively related to 
particle size, cellulose CrI and DPn, while being positively related to 
reducing ends, cellulose surface accessibility (SA), total surface acces-
sibility (SA) and porosity. Except for particle size, almost all the eval-
uated variables had high loading values, indicating that they are im-
portant factors influencing enzymatic hydrolysis of micronized wood. 

Of the variables tested, cellulose CrI had the highest negative effect 
on glucan conversion, having the highest PC1 loading value of −0.391 
(Fig. 6A). This highlights the importance of disruption of crystalline 
structure of microfibrils for activating wood cellulose with a manner of 
mechanical action. Disrupting crystal structure of cellulose facilitates 
accessibility of enzyme, due to the lower physical barrier effect of 

amorphous cellulose. The glucan conversion was indeed slow down by 
cellulose crystallinity index as shown in Table 3. Decrease of cellulose 
crystallinity has been recognized coincidently to occur with disin-
tegration of wood cell wall integrity (i.e. reduction of particle size) 
during mechanical milling process. Although particle size reduction is 
the primary physical changes resulted from mechanical deconstruction 
of biomass, it had the least effect on hydrolysability since it has the 
lowest PC1 loading value of −0.308 (Fig. 6A). The reason may be at-
tribute to particle aggregation during intensive mechanical milling 
process. According to previous research on hydrolysis of mechanically 
pretreated biomass, particle size reduction can predominate increase of 
cellulose hydrolysis before size reduction to a limit ca. 30 μm, while 
other physical structure changes in the milled substrates dominate after 
the particle size limit (Hoeger et al., 2013; Jiang et al., 2016). The little 
changes in particle size at micrometer range also resulted in its low 
correlation with glucan conversion (as shown in Table 3). 

Although mechanical milling pretreatment did not alter the che-
mical compositions of micronized wood with different milling times, 
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mechanical fragmentation broke the  –glycosidic bonds in cellulose 
chains, since cellulose DP decreases significantly after mechanical 
pretreatment. The cellulose DP had the second highest negative effect 
on hydrolysability with PC1 loading value of −0.38 and showed a 
generally negative correlation with glucan conversion (Table 3). The 
main function of decreasing cellulose DP is that it increases available 
reducing ends for endoglucanase attack, thereby weakening the net-
works to permit better accessibility, subsequently enhancing enzymatic 
hydrolysis rate and extent (Bali et al., 2015; Kumar et al., 2013). The 
increase in the values of reducing ends in micronized wood samples 
also confirmed the degradation of cellulose chains. The reducing end 
was found to play positive effect on hydrolysability of cellulose, having 
PC1 loading value of 0.37 (Fig. 6A). These findings collectively de-
monstrate the important role of fragmenting cellulose chains (i.e., de-
creasing cellulose DP) to relieve the recalcitrance of native biomass and 
improve enzymatic hydrolysis of micronized wood. 

The most pronounced positive factor was cellulose surface accessi-
bility, showing the largest positive effect on glucan conversion with 
PC1 loading value of 0.413 (Fig. 6A). It highlights the importance of 
relieving physical barriers and the kinetic role of the cellulose surface 
for available reaction site to enzymes. Lignin has been recognized as 
one of the barriers, which originally encapsulated the cellulose micro-
fibrils in the hierarchical cell wall. Results of CLSM imaging indicates 
that mechanically fragmenting the fiber cell wall eventually results in a 
homogeneous redistribution of lignin, decreasing physical barrier ef-
fect. The increased orange dye adsorption as measured by Simon’s stain 
technique confirms that redistributing the lignin plays a key role in 
improving the available/accessible cellulose surface area of micronized 
wood. Relieving lignin barrier also complements the increased surface 
area afforded by particle size reduction. In a previous study, Ji et al. 
(2016) found that redistribution of cellulose in the inner cell wall layers 
on the surface of particles after destroying the cellular structure of fi-
bers significantly improved the surface area of accessible cellulose, as 
the O/C ratio revealed by XPS characterization increased significantly 
for this sample. Several studies have found that lignin migrates and 
relocates within and/or out of the plant cell walls after thermochemical 
pretreatments (e.g., dilute acid and AFEX) (Chundawat et al., 2011a,b; 
Donohoe et al., 2008). The relocalization of lignin caused by phase 
transition during thermochemical pretreatment process is thought to 
play important role in providing more accessible cellulose area and 
facilitating subsequent enzymatic hydrolysis efficiency of pretreated 
substrates. In this study, results from imaging and dye probing analyses 
demonstrated that mechanical pretreatment effectively relieves the 
physical barrier effects of lignin and increases the available cellulose 
surface area by destroying the highly ordered cell wall structure and 
coincidently causing redistribution of cell wall compositions. 

Another important recalcitrance factor that impedes the efficient 
enzymatic hydrolysis of cellulose is related to the cell wall hetero-
geneity and the polymer interaction forming a tightly packed structure. 
Such packing density physically limits enzyme accessibility to the cel-
lulose molecules (Meng and Ragauskas, 2014). Removing the lignin 
and/or hemicellulose has been recognized as the leading factor for in-
creasing substrate porosity with chemical or biological approaches 
(Chiaramonti et al., 2012). TEM imaging reveals a remarkable ultra-
structural disruption, providing a substantial accessible surface area by 
fragmenting the cell wall into fragments and disrupting cellulose mi-
crofibrils network (Figs. 3 and 4). The degree of ultrastructure disrup-
tion increases with milling time, leading to substantial nanoscale mi-
crofibrils aggregates and intra voids in sample with 12-min milling 
(Fig. 4D). The increase of total dye adsorption and O/B ratio from Si-
mons’ staining technique confirmed that mechanical pretreatment 
caused substantial increase in total surface area and porosity, although 
the chemical components in the cell wall matrix did not change. Both 
total surface area and porosity turned to be the second largest factor for 
glucan conversion, having a PC1 loading value of 0.39 (Fig. 6A). These 
results also indicate that in addition to changes in cell wall chemistry, 

deconstruction of cell wall appears to increase porosity and accessible 
surface area, facilitating subsequent enzymatic hydrolysis. In a study, 
Wang et al. (Wang et al., 2014) found that the chemical composition of 
dilute acid pretreated corn stover was similar using three different re-
actors configurations, however, the enzymatic hydrolysis efficiency of 
these samples varied significantly. Simon’s stain and electronic micro-
scopy analysis revealed that mechanical action in the reactors increased 
cellulose accessible surface area due to cell wall delamination. The 
difference in hydrolysability between pretreated biomass samples with 
the same chemistry indicates that treatments which maximize the 
substrate accessible surface area dominates over changes in cell wall 
chemistry. 

As shown in Fig. 6B, the difference between the micronized samples 
was characterized by PC1. The samples could be classified as two 
groups based on PC1 scores. Group I with PC1 scores less than 0 in-
cluded samples with short milling time (i.e., Raw, RM2, RM4). These 
samples were found to be recalcitrant to hydrolysis with relative low 
glucan conversion. This may attribute to size reduction dominates the 
structural changes of micronized wood. The other samples in Group II 
with PC1 scores more than 0 gave high hydrolysability. It is likely that 
the physical structural changes resulted in increasing surface area and 
porosity predominately contribute to hydrolysability of micronized 
wood. Inspired by the above results, PC1 scores was correlated with the 
glucan conversion (Fig. 6B). There existed strongly linear correlation 
between glucan conversion and PC1 score (R2 value of 0.98), indicating 
the hydrolysability could be simply predicted by a principle component 
PC1 rather than multivariate. 

4. Conclusions 

Mechanical milling pretreatment produced micronized wood with 
significantly different hydrolysability performance but negligible 
changes in chemical composition. In tandem with particle size reduc-
tion, mechanical milling caused multiple deconstruction of cell wall 
ultrastructure, thereby, creating a highly porous structure with in-
creased accessible surface. Disintegration of cell wall into various 
fragments coincidently resulted in redistribution of cell wall compo-
nents and disruption of cellulose, maximizing the surface area of ac-
cessible cellulose. The intercorrelated physicochemical properties were 
converted into a simple combined variable (PC1) to characterize the 
biomass recalcitrance to hydrolysability by PCA, while cellulose hy-
drolysability was correlated well with PC1 score. The established 
weighed order of factors behind enzymatic hydrolysis provides insights 
of lowering structural recalcitrance by mechanical manner. 
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